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Abstract: Enhancing accessibility to affordable and efficient cell imaging tools has been a
longstanding worldwide objective for rapid disease detection and diagnosis. We present an
innovative approach to this goal, introducing a compact, portable, and user-friendly three-
dimensional (3D) cell imaging platform leveraging silicon photonics and the surface plasmon
coupled emission (SPCE) phenomenon. Central to our method is a specially designed slide
that incorporates a fundamental SPCE structure seamlessly integrated with a silicon nitride
(SiN) waveguide. We introduce a grooved array on the slide to couple light into the waveguide,
interfacing with a broadband light source. This source is employed to excite fluorescently labeled
cells. The excitation is achieved using edge coupling through the SiN waveguide, directing
the excitation light to the specimen placed on the SPCE platform. This integrated architecture
eliminates the necessity for an additional filter to extract the required light for fluorophore
excitation while enabling precise excitation of labeled cells. Following the fluorophore excitation,
the emitted SPCE signals are captured and subjected to analysis. We have developed an imaging
algorithm based on the emitted light patterns, which we comprehensively detail through theoretical
demonstration. This algorithm has the remarkable capability of achieving 3D cell imaging. This
fusion of optics and computational techniques can significantly impact the domain of cell imaging
by enabling the development of easily accessible and portable point-of-care (POC) imaging tools.

© 2025 Optica Publishing Group under the terms of the Optica Open Access Publishing Agreement

1. Introduction

Cell imaging provides crucial information about the physical properties of cells affected by
infectious diseases. Cell imaging is particularly valuable in diagnosing and treating diseases
like cancer, cranial nerve disorders, thyroid diseases, lipomas, and tumors [1–3]. Recent studies
have highlighted the significance of physical changes in blood cells in the context of COVID-
19, emphasizing the potential of cell imaging in understanding and diagnosing the disease
[4–6]. However, current clinical imaging techniques, such as X-ray, computed tomography
(CT), magnetic resonance imaging (MRI), single-photon emission computerized tomography
(SPECT), positron emission tomography (PET), and ultrasounds, have limitations like low spatial
resolution, lengthy acquisition times, high expenses, radiation exposure, and bulky equipment
[1,7,8]. These constraints hinder real-time in vivo analysis of biological and cellular events.
Additionally, the scarcity and unequal distribution of qualified health human resources in many
regions, especially rural areas, further hinder accessibility to advanced healthcare technologies [9].
The development of low-cost POC bioimaging instruments has become imperative to improve
healthcare accessibility and overcome the challenges posed by traditional clinical imaging
techniques [10]. Such POC imaging tools can significantly reduce manual labor and result in
turnaround time, making diagnostics more efficient and timelier, especially in resource-poor
settings [11,12].

Optical imaging techniques are advantageous for designing POC medical diagnostic devices.
They offer real-time, high-resolution imaging techniques at microscopic and macroscopic levels,
enabling fast and precise diagnoses [10]. Advancements in optoelectronics, optical fibers,
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optical microelectromechanical systems (MEMS), and micro-optics have led to smaller and
more cost-effective optical imaging platforms [13]. Several optical imaging methods, including
conventional light microscopes, confocal laser scanning microscopes (CLSM) [14], optical
sectioning structured illumination microscopes (OS-SIM) [15,16], and light sheet fluorescence
microscopes (LSFM) [17], direct optical nanoscopy with axially localized detection (DONALD)
[18], have been developed to provide compact and well-integrated imaging modalities for POC
applications. Nevertheless, imaging three-dimensional (3D) specimens using these optical
sectioning methods remains challenging. The sequential recording of images plane by plane
may lead to phototoxic damage and photobleaching [19], impacting the accuracy of results.
Additionally, effectively managing the substantial amount of data (“big data”) for 3D imaging is a
concern. Therefore, the need for on-chip imaging modalities supported by efficient computational
algorithms arises alongside the miniaturization and integration of optical imaging platforms.

In contrast to conventional optical imaging techniques, fluorescence-based imaging technology
stands out for its exceptional spatial and temporal resolution, rapid data processing, and widespread
accessibility [20,21]. Recently, a surface-enhanced fluorescence technique known as SPCE has
garnered significant attention in bioimaging. This technique offers a range of attractive features,
including greater sensitivity, distinctive axial confinement, and efficient background suppression
[22]. Particularly noteworthy is its highly directional emission, which enhances collection
efficiency and detection sensitivity [23]. The angular dependence and wavelength resolution
properties of SPCE hold the potential for enhancing imaging selectivity [24]. SPCE reduces
photodamage during observation [22], making it well-suited for capturing cellular structures and
dynamics. In addition, SPCE instrumentation does not require bulky hardware, leading to the
implementation of low-cost and portable SPCE-based imaging techniques [25]. Despite these
advancements, most SPCE-based imaging systems provide only two-dimensional (2D) views of
cellular structures. While promising 3D cell imaging techniques have been introduced [26], their
focus has primarily been on algorithmic development, leaving the operational framework of the
imaging system unaddressed. However, understanding the system’s functionality as a whole is
essential for its practical implementation in biomedical research.

Against this backdrop, this work introduces an innovative SPCE-based 3D cell imaging
platform with minimalist optics. By integrating existing optomechanical (wavelength selection
devices like monochromators or filters) components onto a single slide, we effectively overcome
the limitations of conventional techniques, offering a compact, cost-effective, and potent solution
for POC cell imaging. The slide serves as a stable platform for holding samples while interfacing
with the light sources and detectors. It consists of a simple SPCE structure integrated with a
grooved array. This array acts as a precise wavelength filter, enabling the selective excitation
of fluorescently labeled cells. We selected rhodamine B as the fluorescent dye because it is
widely used for studying cells. The strategic design of the grooved structure ensures optimal
light coupling, ∼53% of the incident light, at the desired wavelength. When interfaced with a
broadband light source, this grooved configuration produces narrowband light. Furthermore, it
can efficiently couple light from a smartphone flashlight, allowing for a compact system design.
A waveguide coupled to this grating structure effectively directs this light toward the fluorescently
labeled cells on the SPCE structure side atop a glass spacer layer. When illuminated by this
narrowband light, the labeled cell undergoes excitation, causing the fluorophores within the
specimen to emit fluorescent light, which then creates SPCE through a thin metal layer. The SPCE
originates from surface-confined light, effectively reducing background noise from out-of-focus
light in our imaging system.

Finally, we have developed an algorithm for label-based cell imaging. This algorithm analyzes
and processes the emitted fluorescent light from the labeled cell. The algorithm aims to determine
the coordinates (x, y, z) of fluorophores located on the cell surface. With these coordinates, we
successfully recreate the 3D structure of the cell with a root mean square error (RMSE) of <
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2.7%. To verify the effectiveness of our approach, we rigorously calculate the percentage error
between the reconstructed and actual coordinates. Our methodology has undergone testing using
various cell shapes, including ovals, ellipsoids, hemispheres, and complex base configurations.

2. System design and operational workflow

Figure 1 provides an illustrative overview of our complete imaging system. We employ a grating
coupler—grooves in a waveguide—to couple free-space broadband light to the proposed slide and
propagate in the desired direction to illuminate the cell. The grooves are strategically designed
to efficiently couple transverse electric (TE)-polarized light from free-space visible light into
the waveguide, including light from the built-in flashlight of a smartphone. Integrating the slide
into a smartphone eliminates the need for an external light source, thus enhancing the system’s
portability. Furthermore, this grooved array structure serves as a wavelength filter, crucial for
exciting fluorophores on the cell surface and avoiding background noise. Precise control over
the wavelength is necessary to effectively excite the specific fluorophores used as labels and
low-noise imaging techniques. Integrating this wavelength and polarization filtering capability
into our designed slide obviates the need for external optical components. This approach not only
simplifies the system but also significantly reduces costs. Notably, one of the significant expenses
in micro-optical systems arises from aligning and assembling individual optical elements [27].

Fig. 1. Schematic illustration of the proposed imaging system.

Once the desired wavelength is filtered, the light is directed precisely to the location of the
biological specimen—a cell. To achieve this, we design a SiN waveguide, primarily for its ability
to efficiently couple light in the visible spectrum. SiN offers numerous advantages in the visible
region, including low loss, minimal sensitivity to temperature fluctuations, compatibility with
standard complementary metal oxide semiconductor (CMOS) technology, cost-effectiveness at
large fabrication scales, and high integration density. This approach to illuminating the sample
minimizes background noise in the acquired image, as direct light exposure from the source can
introduce noise, leading to phototoxicity and photodamage during imaging [28].

The light coming from the waveguide couples to the cell and excites the fluorophores attached
to the cell’s surface. The cell is positioned on a planar SPCE setup consisting of a metal-dielectric
layer. Fluorophores emit light upon excitation with a specific wavelength, resulting in the
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generation of SPCE. The fluorescence light near 565 nm wavelength is detected on the structure’s
backside using either a charged-coupled device (CCD) camera or a CMOS detector. SPCE
confines emitted light to specific angles relative to the surface. This directionality is advantageous
for our imaging methodology, enabling efficient light collection and precise focusing with optical
components like lenses. We employ a pair of convex lenses to focus this highly directional SPCE
onto the detector’s image plane. The lenses may be integrated into the slide to create a more
compact and monolithic imaging system. By post-processing this circular spot on the detector,
we determine the (x, y, z) coordinates of the fluorophores, corresponding to their positions on
the cell’s surface. This process enables the reconstruction of a 3D image of the cell. A detailed
discussion of the imaging methodology will be provided in subsequent sections.

3. Slide design and simulation model

This section discusses the proposed imaging slide’s design details and simulation models. Figure 2
presents a cross-sectional schematic illustration of the proposed slide structure. For convenience
in discussion, we have divided the slide structure into the light-coupling structure and the cell
placement or SPCE structure.

Fig. 2. Two-dimensional (2D) schematic view of the proposed structure.

The light coupling structure is a multilayered composition designed to efficiently couple light
at 546 nm wavelength within the slide, matching the absorption peak of rhodamine B [29]. This
structure consists of a 160 nm thick (TSiN) SiN waveguide placed on a 700 nm thick (TBOX)
buried oxide (BOX) layer. The BOX layer, composed of silicon dioxide (SiO2), rests upon a
silicon (Si) substrate. Within the SiN waveguide layer, a grating has been created with groove
depths (d) of 62 nm, a duty cycle of 40%, and a grating period (Λ) of 379 nm. The grating length
is 15 µm, and the total number of gratings is 40. The grating is then covered with a 900 nm thick
(TTOX) cladding, index-matched to the BOX layer. Notably, the difference in refractive indices
between SiN and SiO2 gives rise to polarization selectivity in our grating coupler. We have
optimized the grating coupler for TE polarization, i.e., the electric field vector of the coupled light
is parallel to the grating, as it offers greater precision in determining the cell-surface coordinates
[26]. Nevertheless, it is possible to design the grating coupler to couple the TM mode optimally
if needed [30,31].

On the other side of the slide, we have an arrangement for cell placement, identical to the
fundamental SPCE configuration detailed in Ref. [32]. As illustrated in Fig. 2, it comprises
a planar layered structure designed to place the cell. The foundation of this structure begins
with a bulk glass prism, onto which a 50-nm-thick (TAg) silver layer is deposited. Silver is the
optimal choice for our design as it exhibits robust plasmonic properties at visible wavelengths.
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These properties include a high extinction coefficient and a narrower plasmon resonance peak,
significantly enhancing fluorescence emission when fluorophores are close to the silver surface.
We have placed a 10-nm-thin (Tsp) SiO2 atop the silver layer as a spacer layer. This layer
serves a dual purpose: it protects the silver layer and mitigates the quenching effect on nearby
fluorophores.

The fabrication of the proposed device is compatible with the standard CMOS manufacturing
process. The fabrication of the structure can be released onto a silicon wafer, which serves as
the initial substrate. After depositing the bottom SiO2 layer onto the silicon (Si) substrate, the
next step involves the deposition of a layer of SiN to create the waveguide. This deposition
process can be effectively achieved using low-pressure chemical vapor deposition (LPCVD)
[33,34]. The grating structure within the SiN layer can be defined through deep ultraviolet
(DUV) optical lithography [35] and reactive ion etching (RIE) [36]. The cladding layer can be
deposited atop the grating layer through plasma-enhanced chemical vapor deposition (PECVD)
[37,38]. It is essential to etch both the top and bottom cladding layers and the waveguide to
accommodate the cell placement structure on the Si substrate, which can be accomplished via
the same groove-etching process. The Si substrate will serve as a stop layer during this process.
A layer of glass-silver-glass must be deposited onto the Si substrate to form the cell placement
structure. During deposition, precise alignment of the bottom glass layer with the Si substrate of
the light coupling structure is required for mechanical stability. Finally, the Si substrate under the
glass layer in the cell placement structure must be removed to allow imaging, as Si is opaque
in the visible wavelength range. This removal can be done by patterning the Si substrate using
backside alignment photolithography and then removing it using deep RIE [39]. Throughout this
process, careful alignment of every layer ensures precision, resulting in the successful fabrication
of the proposed device.

3.1. Simulation setup and parameter optimization

To comprehensively assess the performance of our designed slide and understand the coupled
light’s behavior, we employed the finite difference time domain (FDTD) method using Lumerical
FDTD commercial software [40]. A 2D representation of our simulation setup is illustrated in
Fig. 3. The refractive indices of the Si substrate, SiN, and SiO2 were considered 4.12, 2.03,
and 1.45, respectively. Our simulation setup for cell placement and cellular structures followed
the configuration detailed in Ref. [41]. We modeled the cell as a hemispherical shape with a
diameter of 1600 nm and a height of 400 nm. The cell surface has a 15-nm-thick membrane.
Due to the computational limitations and high costs associated with simulating large volumes
in Lumerical FDTD, we opted to model cells at a reduced scale. Nonetheless, our algorithm
was applied to different cell sizes, and the results remained consistent, ensuring the validity of
these smaller-scale simulations. The refractive index of the entire cell structure, including the
intracellular components, was set to 1.38 [42]. This approximation simplifies the model, as the
intracellular components do not significantly impact the results due to their small dimensions
relative to the wavelength of the coupled light.
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Fig. 3. A 2D schematic illustration of our designed structure’s simulation setup.
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Initially, we employed a 2D FDTD approach for waveguide design and grating coupler
parameter optimization for less time and memory consumption. Notably, the cell placement
structure was excluded from the optimization part, as it does not impact light coupling to the
waveguide. The 2D simulation domain was set to 315 µm × 5 µm. Perfectly matched layers
(PML) were employed as boundary conditions in all directions to absorb fields beyond the
calculation area and minimize parasitic reflections. For this large simulation volume that supports
strong resonances and takes a long time to decay, the maximum simulation time was set to 2500 fs.
We used the default staircase mesh setting to define the simulation grid with a mesh accuracy of
3. Within the waveguide region, we overrode the FDTD mesh settings, employing a grid size of
0.01 µm in both the x and y directions to precisely capture closely spaced data points. Frequency
domain power monitors were utilized in different directions to measure the in-coupling.

In our simulations, we modeled the amplitude distribution of the broadband incident light
using a Gaussian source, covering a wavelength range from 350 to 750 nm. The Gaussian source
was defined using thin lens calculations, with the numerical aperture (NA) set to 0.0265 and the
focal point located at a distance of −3.2 µm. Proper setup of the source parameters is crucial
for achieving optimal coupling efficiency. We systematically varied the incident beam angle
(θ), representing the propagation angle relative to the source’s incident axis, through a series
of numerical computations. Figure 4(a) illustrates the variation of coupled power with θ at
a wavelength of 546 nm. The highest coupling efficiency is observed at an incident angle of
15.5◦. Following this, with the incident angle set to this optimal value, we varied the source
polarization angle (ϕ), representing the orientation of the incident electric field, to maximize
coupling efficiency, as depicted in Fig. 4(b). A polarization angle of zero degrees corresponds to
p-polarized radiation, while a polarization angle of 90 degrees indicates s-polarized radiation.
We varied the source’s polarization angle from 0 to 90 degrees. The peak coupling efficiency
was achieved at a polarization angle of 90 degrees, with a weighted average coupling efficiency
of 27%. This analysis highlights that incident randomly polarized light achieves an approximate
27% coupling efficiency at 546 nm. To achieve maximum efficiency and selective fluorophore
excitation, employing light with a polarization angle of 90 degrees is imperative.

Fig. 4. Variation in power coupled to the waveguide with respect to (a) incident angle (θ)
and (b) source polarization angle (ϕ) when λ = 546 nm.

Consequently, in the subsequent section, we will utilize the s-polarized incident beam tilted
from the normal. Although vertical coupling offers advantages for system integration [43], aiming
for perfect vertical coupling can lead to undesired reflections due to second-order Bragg diffraction
[44]. Mitigating these reflections typically involves more complex fabrication processes due
to the need for smaller feature sizes [45]. Therefore, positioning the source at an off-normal



Research Article Vol. 33, No. 3 / 10 Feb 2025 / Optics Express 3907

angle relative to the surface improves efficiency and reduces back reflection. To optimize other
structural parameters, we employed a particle swarm algorithm.

4. Result analysis

4.1. Characterization of the slide

Upon optimizing all design parameters, we investigated the performance of our slide with various
light sources: a standard Gaussian beam, a white LED [46], and flashlights from Android
(Samsung Galaxy A70) and iPhone (iPhone 11 Pro) [47]. Figure S1(a) in the Supplement 1 shows
the spectral profiles of these sources, which were used to compute the coupling efficiency of the
slide [48]. A power transmission monitor was placed at the end of the waveguide to measure the
coupled power directly. We achieved a coupling efficiency of ∼53% at the target wavelength of
546 nm, making the slide well-suited for imaging. As shown in Fig. S1(b), there is negligible
variation in coupling efficiency and linewidth across the different source spectra. This observation
confirms that the choice of source spectrum does not significantly affect results. Hence, in
practical applications, any source spectra can be employed reliably. To simplify our simulations,
we employed a Gaussian beam to model the overall structure and develop the imaging algorithm.

To gain deeper insight into the propagation characteristics, we measured the coupling efficiency
for various lengths (lw) within the waveguide, as depicted in Fig. 5(a). Additionally, an analysis of
the intensity profile over a distance of 300 µm was performed, as shown in Fig. 5(b). The inset plot
in Fig. 5(b) offers a detailed spatial distribution of the intensity profile along the y axis. Notably,
the intensity and coupled power remain nearly constant within the waveguide region, validating
the effective propagation of coupled narrowband light over several millimeters. To facilitate
subsequent simulations during imaging, we set the waveguide length (L) to approximately 5 µm
for further analysis. Notably, the imaginary part of the SiN refractive index remains negligible
in the visible wavelength range, indicating minimal absorption. Therefore, any energy loss in
the coupling process primarily arises from radiation loss. Various strategies can be explored
to enhance further coupling efficiency, such as improving the diffraction directionality of the
grating, which may involve integrating waveguide bottom mirrors [49], optimizing thickness and
etching depth, or utilizing a metal reflector [50]. However, our primary priority is identifying
the desired wavelength using a simplified structure rather than solely focusing on achieving the
highest possible coupling efficiency. Therefore, we opted for a less-layered structure to facilitate
a cost-effective and straightforward fabrication process.

Fig. 5. (a) Coupled power as a function of wavelength at various lengths within the
waveguide and (b) intensity profile along the x axis. The inset plot shows negligible intensity
variation at different x positions across the y axis.

https://doi.org/10.6084/m9.figshare.28060085
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Figures 6(a) and (b) show the 2D field profiles of the structure in the xy and xz planes at
z = 0 and y = 0.2 µm, respectively, illustrating that the light is mostly confined within the SiN
waveguide region at our desired wavelength. Figure 6(c) shows that the electric field vector
is directed in the z-direction, perpendicular to the plane of incidence, indicating that the light
coupled to the waveguide is s-polarized. We also analyzed the field distribution in various
structure regions to understand each field component’s contribution. We observe that only the Ez
component of the electric field, along with the Hx and Hy components of the magnetic field, are
consistently present in all regions.

Fig. 6. Electric field distribution of the light coupling structure at λ = 546 nm in the (a)
xy plane at z = 0 µm, (b) xz plane at y = 0.2 µm, and (c) yz plane at x = −5 µm. The axes
orientation corresponds to that shown in Fig. 3.

4.2. Characterization of the light coupled to the cell

When a cell is placed on the slide with its base center at the (0,0,0) position, guided light from
the waveguide impinges upon its surface and couples to the cell cavity. This section delves into
the coupling of light to the cell. Following the design of the optimized slide, we conducted
3D simulations of the overall slide structure, including the cell. In 3D simulations, the total
simulation volume was set to 20 µm × 5 µm × 2 µm. We investigated the coupled light at
different cell sections and noted that ∼17% of the incident light is coupled to the cell. Figure 7(a)
presents the electric field profile at a wavelength of 546 nm in the xy plane at z = 0 in the presence
of the cell, demonstrating how light couples to the cell from the waveguide.

A detailed analysis of the intensity and electric field distribution across the cell surface is crucial
to understanding how light behaves when a fluorophore is positioned on the cell’s membrane. We
accomplish this by examining the coupled light in four xz planes at y = 90, 190, 290, and 390 nm,
set above the cell’s base. Figures 7(b)–(e) illustrate the electric field distribution across different
cross-sections within the cell, with dashed lines indicating the cell boundary. In Fig. 7(b), at a
height near the cell’s base (y = 90 nm), the intensity is the highest on the right and left sides,
primarily due to the metal layer exposed near the cell and influenced by the cell’s edges. The
maximum intensity is observed at a height of 190 nm, aligned with the waveguide center position,
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Fig. 7. (a) Near-field profile in the xy-plane when the cell is placed on the slide at λ = 546
nm and (b)–(e) near-field profiles for different cross sections in the xz plane for (b) y = 90
nm, (c) y = 190 nm, (d) y = 290 nm, and (e) y = 390 nm. The axes orientation corresponds
to that shown in Fig. 3.

as shown in Fig. 7(c). In Figs. 7(d) and (e), the intensity gradually decreases toward the top of
the cell, mainly because the waveguide height is smaller than the cell’s height. The intensity
consistently decreases in the z-direction away from z = 0 as the cell’s diameter exceeds the
waveguide’s width, which does not significantly affect imaging.

By dividing the entire cell into two regions based on the azimuthal angle, with θ ranging from
0 to π and from π to 2π, it becomes apparent that intensity is symmetrically distributed in these
regions. Thus, the impact on fluorophore excitation is equivalent in both regions. Consequently,
we can consider only half of the cell when determining the cell surface coordinates. Additionally,
the coupled light is polarized in the z-direction, as observed in Figs. 7(b)–(e), aligning with the
gratings of the waveguide. This implies that the fluorophore on the cell surface will be excited by
s-polarized light.

4.3. Excitation-dependent emission behavior of rhodamine B

In practice, cells are labeled with fluorophores by immersing them in a solution containing
specific fluorophores. In simulations, we have placed rhodamine B, i.e., electric dipoles, over
the cell surface. However, before discussing the imaging process, it is crucial to discuss how
the coupled light to the cell excites fluorophores and affects their emission patterns. This is
particularly important because the intensity over the cell surface is not uniformly distributed.

We employ a semi-classical approach, utilizing Lumerical FDTD, to model the interaction
between the incident field and fluorophores. A schematic representation of the simulated structure
is provided in Fig. S2 of the Supplement 1. In this framework, fluorescent molecules are
treated as a four-level quantum system. Transitions between these levels are governed by coupled
rate equations, while Maxwell’s equations describe the behavior of electromagnetic waves (see
Supplement 1). Although real fluorophores may involve many energy levels, a four-level atomic
system emulates the fluorophore behavior sufficiently [51]. The kinetic parameters are tailored to
this four-level model to match the maximum emission wavelength. Specifically, the parameters
for the four-level atomic system are chosen as follows: Transition wavelengths λ30 = 546 nm and
λ21 = 565 nm; transition lifetimes τ30 = 5 ns, τ21 = 3 ns, τ32 = 0.3 ps, and τ10 = 0.35 ps; and

https://doi.org/10.6084/m9.figshare.28060085
https://doi.org/10.6084/m9.figshare.28060085
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dephasing times T30 = 9 fs and T21 = 25.5 fs. The population density is initially at the ground
state with a density of 5.022 × 1023 m−3.

We utilize a pump-probe approach to determine the emission characteristics of rhodamine
B dyes. The pumping beam, with a frequency corresponding to λ30, excites molecules from
the ground state level (N0) to the third quantum mechanical energy level (N3). Subsequently,
a rapid non-radiative transition occurs between the highest level (N3) and the level below it
(N2). Following a certain time delay, we probe the medium with a center frequency equal to the
emission wavelength of rhodamine B (λ21) to estimate system amplification. The probe pulse is
significantly weaker than the pump pulse and drives molecules from N2 to N1. Finally, molecules
undergo rapid non-radiative transfer from N1 to N0.

The maximum transmission occurs at the emission wavelength of rhodamine B, specifically at
565 nm [52], as shown in Fig. 8(a). To investigate the impact of the excitation field intensity
on emission, we systematically vary the excitation field’s intensity and measure the resulting
emission intensity using a power monitor. Figure 8(b) shows the relationship between the
excitation and emission intensities for the modeled fluorophore, revealing a linear correlation up
to a certain threshold beyond which emission becomes saturated. This relationship forms the
basis for setting the electric dipole’s emission intensity, ensuring our imaging system’s validity.
Additionally, coupling s-polarized light to the cell results in preferential excitation of molecules
whose transition moment parallels the incoming polarized light. Consequently, the emission
of excited molecules’ dipoles is preferentially oriented concerning the electric vector of the
stimulating radiation. Therefore, our imaging algorithm development incorporates a monolithic
simulation employing a horizontally oriented dipole moment with the measured intensity.

Fig. 8. (a) Normalized emission from the modeled fluorophore as a function of the
wavelength and (b) relationship between the excitation and emission intensities.

When the incident light is s-polarized and the fluorophores are randomly oriented, the interaction
between the incident light and the fluorophores will lead to selective excitation of only those
fluorophores whose transition dipole moments are aligned parallel to the polarization direction
of the incident light. Fluorophores with transition dipole moments oriented perpendicular to the
polarization direction of the incident light will not be effectively excited.

5. Imaging methodology

Our proposed imaging technique aims to reconstruct the cell’s surface by determining the (x, y, z)
coordinates of fluorophores attached to the cell membrane. While our approach draws inspiration
from the methodology outlined in Ref. [26], we have made significant advancements to enhance
its applicability to real-world scenarios. Unlike previous assumptions of uniform emission
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intensity for fluorophores, our algorithm incorporates excitation-dependent emission profiles to
ensure effectiveness in practical conditions. By considering the relative emission intensity of
fluorophores, we enhance the robustness of our algorithm. Furthermore, unlike Ref. [26], which
employs both s- and p-polarized light for excitation, we focus solely on s-polarized excitation
for determining the fluorophore’s y coordinate. This simplification minimizes the complexity
associated with sequential excitation, facilitating more efficient data acquisition and streamlining
the process. Furthermore, we have expanded our analysis from single-cell imaging to the 3D
imaging of clustered cells, demonstrating the applicability of our method in more complex
scenarios.

Another key enhancement is the incorporation of narrowband filtering within the slide, which
effectively reduces noise by preventing direct broadband light exposure. Broadband excitation can
cause light to couple to surface plasmons at various angles, resulting in emitted light focusing at
multiple points along the optical axis, leading to blurred and spread-out spots on the image plane
and reducing imaging accuracy. In contrast, narrowband excitation ensures that SPCE is tightly
focused into a single point, significantly improving the precision of coordinate determination.
Figure 9 shows how narrowband filtering by the designed slide reduces noise and enhances the
sharpness of the SPCE spot compared to broadband excitation of fluorophores.

Fig. 9. Reconstructed spots on the image plane with (a) light exposure using the designed
slide, resulting in a sharply focused spot, and (b) direct light exposure, leading to a diffused
spot.

The imaging methodology begins with detecting the highly directional SPCE emission and
converging it into a circular spot using two convex lenses. The first lens collects the emitted light
and decomposes it into parallel plane waves propagating at different angles. The second lens
converges these plane waves into a circular spot on the image plane. To simulate the behavior of
the first lens, we numerically calculate the near-field data and decompose it into plane waves. A
field monitor, positioned 300 nm below the cell, is used to collect the near-field data. We assume
a numerical aperture (NA) of 0.7 and discard any plane waves with angles outside this range.
The remaining plane waves are then recombined using the inverse chirped z-transformation
(ICZT) to create an image on the image plane, similar to the second lens’s behavior. Subsequent
post-processing of the converged image plane data facilitates determining (x, y, z) coordinates.
Figure 10 provides an overview of the workflow for determining the coordinates.

5.1. Determining fluorophore’s (x, z) coordinates for imaging cell base

To determine the fluorophore’s (x, z) coordinates, we applied an approach similar to that described
in Ref. [26], but the fluorophore emission intensity varies based on the light pattern coupled in
the cell. We used this approach to determine the fluorophore’s (x, z) coordinates based on the
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Fig. 10. Schematic diagram of the 3D cell imaging process, illustrating the detection of the
x, z coordinates of fluorophores (steps 1–3), followed by edge determination and cell base
diameter calculation (steps 4–5). Gaussian fitting is then applied to determine the maximum
cell height and other parameters, leading to the final determination of the y coordinate and
subsequent 3D cell reconstruction (steps 6–9).

maximum intensity location within the converged circular spot on the xz plane, as shown in step
1 in Fig. 10. We also can reconstruct the cell base through the (x, z) coordinate determination
process. The cell base refers to the portion of the cell’s surface in contact with the spacer layer.
The reconstruction of the cell base allows us to calculate the diameter of the base, providing
insights into the overall cell size. Additionally, knowing the cell’s diameter is a prerequisite to
ascertaining its height. As the cell is labeled with multiple fluorophore markers, the image plane
will exhibit several circular spots upon converging onto the image plane. Each spot corresponds to
a specific point on the cell surface. Therefore, accurately identifying the base points among these
points is crucial for precise reconstruction. To do this, we initially identified the fluorophore at the
topmost position as the reference point for our analysis. After detecting the peak fluorophore, we
determined the fluorophore positions at the edge of the cell surface, following the same process
discussed in Ref. [26].

We simulated two ellipsoidal cell shapes with a base diameter of w = 1600 nm for each cell and
heights of h = 400 nm and 600 nm. The intensity distribution of the peak fluorophore compared
to the other fluorophores along the x and z axes is shown in Figs. 11(a) and (b), respectively. From
these curves, we calculated the full width at half maximum (FWHM) and plotted it in Figs. 11(c)
and (d). Regardless of the cell’s size, it is evident from these figures that the fluorophore at the
center, i.e., ϕ = 0 and ϕ = 90◦ in the x and z directions, respectively, has the smallest FWHM,
helping the detection of the peak fluorophore. Therefore, by determining the topmost dye, we
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can locate the base point (x, z) and reconstruct the cell base. The cell’s diameter can be measured
by calculating the difference between the minimum and maximum coordinate values.

Fig. 11. Intensity distribution of the converged spot for locating the fluorophore at different
positions along (a) x axis and (b) z axis. FWHM of the converged spot against the fluorophore
position in the (c) x direction (ϕ = 0) and (d) z direction (ϕ = 90◦). FWHM is obtained for
cell heights of 400 nm and 600 nm, while the diameter remains constant at 1600 nm in both
directions.

To validate our approach, we conducted simulations for different cell structures, including
hemispherical, ellipsoidal, and irregular shapes. Table S1 presents a subset of base points (x, z) for
a hemispherical cell. Although only a few points are displayed for brevity, numerous additional
fluorophore positions were detected to recreate the entire base shape. Figure 12(a) shows the
recreated base shape. The root mean square error (RMSE) for the x and z coordinates is found to
be < 1.15% and < 1.71%, respectively. Figure 12(b) shows the base images of an ellipsoidal
cell shape, with a diameter of 1000 nm along the x direction (wx), 500 nm along the z direction
(wz), and h = 400 nm. The calculated RMSE for the ellipsoidal cell is < 0.736% for the x
coordinate and < 0.795% for the z coordinate. Additionally, we have determined base images for
irregular-shaped cells, as shown in Fig. 12(c). The maximum RMSE for the recreated irregular
cell bases is < 3% for the x and z coordinates. These images of irregular-shaped cells demonstrate
the feasibility of our proposed technique for realistic scenarios where cells, especially unhealthy
ones, may have irregular shapes and sizes. Thus, this approach allows for the reconstruction of
cell bases with minimal error.

5.2. Determining fluorophore’s y coordinate

The fluorophores’ intensity distributions on the image plane can be effectively described by
Gaussian curves in the x and z directions. By analyzing the Gaussian fit to the intensity distribution,
we developed equations to determine the y coordinate of the fluorophore. This analysis enabled
us to accurately determine the cell’s height (H) and the vertical position of each fluorophore,
contributing to the overall reconstruction of the cell’s shape and structure.
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Fig. 12. Comparison between actual and detected bases of various cell bases with (a)
circular, (b) elliptical, and (c) irregular shapes.

5.3. Determination of cell height

In the previous section, we discussed determining the (x, z) coordinates of the fluorophore located
at the cell’s peak, which corresponds to the topmost position of the cell. Once we have detected
the fluorophore at the topmost position, its y coordinate indicates the cell’s height. Figure 13(a)
presents the reconstructed spot on the image plane after convergence. From Fig. 13(b) and (c), we
observe that the intensity distribution of the fluorophores on the image plane follows a Gaussian
curve in the x and z directions. Therefore, we performed curve fitting to the intensity distribution
data by employing the Gaussian equation given by

f (x) = a exp
[︃
−(x − b)2

c2

]︃
, (1)

where a represents the amplitude of the Gaussian distribution, b represents the mean of the
distribution, and c represents the standard deviation of the distribution. Figures 13(b) and
(c) illustrate that the Gaussian curves fit the intensity distribution data well. Extracting the c
parameter from the curve fitting equation, we can determine the maximum height of the cell
using the following equation

C =
√︁
|cx − cz | × cz, (2)

where cx and cz are the c parameters from the intensity distribution that fits in the x and z
directions, respectively.

Fig. 13. (a) Reconstructed spot of the peak fluorophore on the image plane. Actual and
Gaussian fitted intensity |Ex|2+|Ey|2+|Ez|2 distribution along (b) x axis and (c) z axis.

Equation (2) was derived based on extensive observations and analyses across various parameter
regimes, revealing a consistent pattern in the C parameter. We found that when the cell’s height
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(H) and base radius (r) are kept constant, C remains nearly the same, indicating a stable
relationship with the ratio of the cell’s height to its radius, denoted as Rc. However, C varies with
individual changes in the cell’s height and base radius. To investigate this further, we calculated
C for different base diameters while keeping the height constant. Subsequently, we determined
the average value of C for specific Rc values associated with different heights and base radii.
Figure S3 illustrates the variation of C with respect to Rc. Referring to the data presented in Fig.
S3, we can determine the Rc value corresponding to a calculated C.

We can precisely calculate the cell’s maximum height by multiplying the Rc value by the cell’s
base radius. This calculation holds for cells with a circular base, where the base radius in the
x-direction (rx) is equal to the radius in the z-direction (rz). However, for cells with unequal rx
and rz, Rc needs to be multiplied by the ratio of cell radius in the x and z directions. We employed
the approach described in the previous section to determine the cell’s base radius (r). Table S2
(Supplement 1) presents various examples of C and corresponding Rc values obtained from the
analysis. The cell height is calculated using the Rc value and the base radius of each cell. The
error column indicates the percentage difference between the estimated and actual cell heights.

5.4. Vertical position (y coordinate) of each fluorophore

We have already calculated the (x, z) coordinates of the fluorophore. Determining the y coordinate
is essential for 3D imaging of the cell. The intensity distribution of the converged spot on the
image plane is similar to the Gaussian curve and exhibits a line width. Using the full width at
half maximum (FWHM) and the b parameter from the Gaussian fitting of the circular spot of a
fluorophore on the image plane, we can determine the y coordinate of other fluorophores. The
following points outline the procedure for determining the y coordinate of the fluorophore.

1. Calculation of F′
h: Each spot on the xz plane is analyzed by calculating F′

h, which is
determined as

F′
h = |Fx + Fz + x + z|. (3)

Here, Fx represents the FWHM of the spot along the x axis, Fz represents the FWHM along
the z axis, and x and z are the respective coordinates of the spot and can be determined as
described in Sec. 5.1.

2. Determination of the polar angle ψ: Fluorophores located in any position except the
center of the image plane converge at an angle, denoted as ψ. The polar angle (ψ) is
determined by converting the Cartesian coordinates (x, z) of the spot to polar coordinates.

3. Identification of the coefficient value Fa: Fa corresponds to the value of Fh′ at the base
point. Our observations showed that the coefficient value Fa remains constant for a specific
ψ, regardless of the cell size. To determine the exact value of Fa for a given spot, we refer
to the ψ vs. Fa plot given in Fig. S4(a) (Supplement 1). This plot provides insights into
the relationship between the coefficient value Fa and different polar angles, which greatly
assists in accurately determining the y coordinate of the fluorophore.

4. Calculation of Fh: Using the obtained Fa, we calculate Fh = F′
h/Fa. Notably, Fh remains

constant when the relative vertical position of the fluorophore, h′ (calculated as y/H, where
y is the vertical position of the fluorophore and H is the maximum cell height), remains
fixed, regardless of the cell size or fluorophore’s position on the xz plane. However, as h′

varies, Fh values undergo distinct changes. Multiple arbitrary cell samples were simulated
to comprehensively investigate this behavior, with fluorophores placed at random positions.
Fh was calculated and averaged for specific h′ values for each case. The resulting averaged
Fh values were then plotted against the corresponding h′ values, giving us the Fh vs. h′

https://doi.org/10.6084/m9.figshare.28060085
https://doi.org/10.6084/m9.figshare.28060085
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curve shown in Fig. S4(b) Supplement 1). This curve is a useful reference for determining
each fluorophore’s h′ value based on its Fh value.
Table S3 presents the relative vertical position (h′) of fluorophores at various random
locations on the cell surface for different cell sizes, determined using the procedure
discussed above. If the cell height is constant, h′ varies little with the y-position. However,
it varies when the y-position changes. However, as indicated in Table S3, h′ varies when
the y-position of the fluorophores changes. Accurately determining h′ is essential for
precisely determining the y coordinate of the fluorophores, significantly contributing to
achieving high-fidelity 3D imaging of the cell.

5. Determination of the y coordinate: The obtained h′ value is multiplied by H, resulting
in the y coordinate of the fluorophore.

By following these steps, the y coordinate of each fluorophore can be accurately determined,
facilitating comprehensive 3D imaging of the cell. This approach leverages the analysis of
intensity distribution, Gaussian fitting parameters, and spatial characteristics of the fluorophores,
allowing for precise reconstruction of the cell’s 3D structure in research applications.

5.5. 3D imaging of individual and clustered cells using the proposed methodology

We applied our methodology to achieve accurate 3D reconstruction of both individual and
clustered cells. For individual cell imaging, we modeled an ellipsoidal cell with dimensions of
1600 nm in the x and z directions and 400 nm in the y direction, labeled with fluorophores, as
shown in Fig. 14(a). For discussion, we focus on a specific fluorophore located at (0.37, 0.25, 0.51)
µm. Following the method described in Sec. 5.1, we determined the (x, z) coordinates of the
fluorophore and reconstructed the cell’s edge coordinates and base shape. To determine the y
coordinate, we converted the spot’s Cartesian coordinates (x, z) to polar coordinates, revealing
that the spot was positioned at a polar angle of 53.95◦. Referring to Fig. S4(a) (Supplement 1),
we identified the corresponding coefficient value Fa as 2.03 µm. Next, we calculated F′

h as 1.81
µm and obtained Fh = 0.894 by dividing F′

h by Fa. This Fh value corresponds to h′ = 0.633,
as shown in Fig. S4(b). Using the procedure described in Sec. 5.3, we determined the cell
height H to be 0.408 µm and multiplied it by h′, resulting in a y coordinate of 0.258 µm for
the fluorophore. The reconstructed coordinates for the fluorophore are (0.392, 0.258, 0.517),
with percentage errors of (0.443, 3.306, 2.046) compared to the actual values. For clarity, a
complete workflow and corresponding simulation results are provided in Fig. S5. Applying this
procedure to multiple fluorophores on the cell surface, we reconstructed the cell’s 3D structure, as
presented in Fig. 14(b). Table 1 compares the actual and reconstructed 3D coordinates, including
percentage errors, demonstrating the accuracy of our approach.

Table 1. Comparison of actual and reconstructed cell coordinates using the proposed
methodology with percentage error

Actual Calculated Error

(x, y, z) (µm) (x, y, z) (µm) (x, y, z) (%)

(0.6930, 0.2, 0) (0.7336, 0.2093, 0) (5.8529, 4.6520, 0)

(0.2324,0.35, 0.2911) (0.2527, 0.3607, 0.31) (8.7623,3.0491, 6.4882)

( 0.3651, 0.25, 0.5066) (0.3923, 0.2583, 0.517) (7.4410, 3.3056, 2.0465)

(0.5085, 0.05, 0.6094) (0.5164, 0.0490, 0.62) (5.2586, 8.88, 1.0634)

(−0.4378,0.15, 0.5986) (−0.4608, 0.1367, 0.605) (0.594, 1.264, 1.884)

(−0.5421, 0.05, 0.5797) (−0.5538, 0.0490, 0.6) (2.1581, 2.08, 3.4972)

https://doi.org/10.6084/m9.figshare.28060085
https://doi.org/10.6084/m9.figshare.28060085


Research Article Vol. 33, No. 3 / 10 Feb 2025 / Optics Express 3917

Fig. 14. 3D imaging of cells using the proposed methodology. (a) Actual and (b)
reconstructed single cell; (c) reconstructed two-cell cluster, each cell with dimensions
wx = wz = 1600 nm and H = 400 nm; (d) reconstructed three-cell cluster with two cells
of the same dimensions as in (c) and one cell with dimensions wx = wz = 1800 nm and
H = 500 nm.

We extended our algorithm to reconstruct 3D images of clustered cells. Each cell is labeled
with multiple fluorophores, and their x and z coordinates are determined as before. We applied
the DBSCAN clustering algorithm to group these coordinates and performed geometric fitting
to detect circular or ellipsoidal patterns corresponding to the shapes of individual cells. After
identifying the number of cells in the cluster, we used the same imaging process as with individual
cells to reconstruct the 3D structure of the entire cell cluster. Figure 14 illustrates the reconstructed
3D images of individual and clustered ellipsoidal cells, demonstrating our methodology’s ability
to accurately reproduce cellular 3D structures and the spatial fluorophore distribution. This
approach offers significant insights into cellular architecture and facilitates precise investigations
in cell biology.

6. Conclusion

In conclusion, we have developed a compact, cost-effective, and portable fluorescent cell imaging
system, designed to deliver precise three-dimensional biological cell imaging. By integrating
a specialized slide with an advanced image processing algorithm, our system achieves high
accuracy with minimal background noise and consistently low RMSE values across various
cell shapes, including ovals, ellipsoids, hemispheres, and more complex configurations. While
this work focuses on cell surface reconstruction, intra-cellular organelles can be imaged using
membrane-permeable fluorophore labeling. By bridging the gap between cutting-edge research
and practical applications, we believe our imaging system will play a crucial role in advancing
cellular analysis and biomedical research, offering valuable insights into cellular morphology
and disease diagnostics.
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